Increasing petroleum costs and climate change have resulted in microalgae receiving attention as potential biofuel producers. Little information is available on the diversity and functions of bacterial communities associated with biofuel-producing algae. A potential biofuel-producing microalgal strain, Nannochloropsis oceanica IMET1, was grown in Permian groundwater. Changes in the bacterial community structure at three temperatures were monitored by two culture-independent methods, and culturable bacteria were characterized. After 9 days of incubation, N. oceanica IMET1 began to aggregate and precipitate in cultures grown at 30°C, whereas cells remained uniformly distributed at 15°C and 25°C. The bacterial communities in cultures at 30°C changed markedly. Some bacteria isolated only at 30°C were tested for their potential for aggregating microalgae. A novel bacterium designated HW001 showed a remarkable ability to aggregate N. oceanica IMET1, causing microalgal cells to aggregate after 3 days of incubation, while the total lipid content of the microalgal cells was not affected. Direct interaction of HW001 and N. oceanica is necessary for aggregation. HW001 can also aggregate the microalgae N. oceanica CT-1, Tetraselmis suecica, and T. chuii as well as the cyanobacterium Synechococcus WH8007. 16S rRNA gene sequence comparisons indicated the great novelty of this strain, which exhibited only 89% sequence similarity with any previously cultured bacteria. Specific primers targeted to HW001 revealed that the strain originated from the Permian groundwater. This study of the bacterial communities associated with potential biofuel-producing microalgae addresses a little-investigated area of microalgal biofuel research and provides a novel approach to harvest biofuel-producing microalgae by using the novel bacterium strain HW001.
D
riven by the increasing price of petroleum-based fuels and growing concern about global warming, biofuels have received public and scientific attention. The disastrous oil spill in the Gulf of Mexico in 2010 was a reminder of the importance of finding safe and sustainable biofuels to substitute for petroleum-based fuel. Microalgae have drawn more attention recently as a biofuel candidate due to the several advantages, including less space required for growth, use of nonarable land, salt water growth, ease of handling in liquid medium, high photosynthetic efficiency, and high growth rate (5, 39) . Under suitable culture conditions, the biomass and oil productivity of microalgae greatly exceed those of candidate vascular plants (6) . The average biodiesel production yield from microalgae can be 10 to 20 times higher than the yield obtained from oleaginous seeds and vegetable oils (14) . Additionally, microalgae have a very short harvesting cycle compared with conventional crops, which allows multiple or continuous harvests with significantly improved yields (31) . Impressive advances have been made with microalgal biofuels. For example, the Aquatic Species Program (ASP) funded by the U.S. Department of Energy from 1978 to 1996 successfully isolated and tested considerable quantities (300 different species) of oleaginous microalgae that are potential resources for microalgal biofuel research (32) . Further, different cultivation systems, including closed systems (e.g., tubular photobioreactors) and open pond systems (e.g., raceway ponds), have been designed based on two important criteria, biomass production efficiency and cost efficiency (4, 37) .
An often-overlooked factor in the field of microalgal biofuels is that of the bacterial communities associated with biofuelproducing microalgae. Bacterial communities associated with algae are acknowledged to play critical roles in modulating algal population dynamics and metabolism. The interaction between algal and bacterial symbionts under photoautotrophic conditions can involve both mutualism and commensalism (40) . Their roles may be as important as inorganic nutrient supply, grazing, and viral lysis in controlling algal growth, physiology, and even cell differentiation (17, 22) . Bacteria in the microalgal phycosphere stimulate algal growth by creating a favorable environment (24) , regenerating inorganic and organic nutrients (19, 20) , or producing growth-promoting factors, including trace metals, vitamins, phytohormones, and chelators (3, 8, 13) . In some cases, the microbiota can inhibit microalgal growth. Algicidal bacteria are regarded as one of the key biological agents in the dramatic termination of microalgal blooms (1) . Algicidal bacteria either directly attack and kill microalgae or produce special compounds to lyse microalgae (2, 34, 36) . Some other nonalgicidal bacteria can inhibit microalgal growth by changing the microenvironment of microalgae (11) or by competing with microalgae for nutrients (9, 18) . Novel bacterial species have been found associated with some microalgae (25) .
Bacterial communities also play another important role in the process of microalgal aggregation, known as "marine snow," in natural aquatic systems, including open oceans and lakes. The formation of fast-sinking microalgal aggregates contributes greatly to nutrient dynamics and vertical fluxes of organic materials and subsequently influences the global carbon cycle. Recent studies suggest that bacteria are a necessary factor in the process of microalgal aggregation (15) . Shen et al. (33) used PCR-denaturing gradient gel electrophoresis (PCR-DGGE) to reveal the role of aquatic heterotrophic bacteria in the development of Microcystis aeruginosa blooms in natural waters. Their results suggest that bacterial strains affiliated with Porphyrobacter and Flavobacteriaceae and one uncultured bacterium could be the bacteria responsible for the aggregation of M. aeruginosa. Grossart et al. (16) demonstrated that the presence of bacteria was a prerequisite for the aggregation of a diatom strain of Thalassiosira weissflogii.
The aims of this study were to investigate (i) the diversity of bacterial communities associated with Nannochloropsis oceanica IMET1 grown at different temperatures; (ii) roles that bacterial communities might play in the process of microalgal aggregation; and (iii) the potential of harvesting biofuel-producing microalgae through the use of a bacterium responsible for microalgal aggregation.
MATERIALS AND METHODS
Algal aquaculture and sample collection. Photobioreactors (PBR) were constructed using 2-liter translucent borosilicate glass bottles (Pyrex no. 1395) (13.6 cm diameter, 26.2 cm height) and 80-liter fish tanks as water baths to maintain experimental temperatures (15°C, 25°C, and 30°C). Cultures were grown in triplicate in the 2-liter translucent bottles fitted with three adaptor ports. Filtered air was constantly pumped through one port in the culture to maintain the concentration of carbon dioxide in the culture and mix the culture. The second port was an outlet for air escape. The third port was set up with tubing leading into the cultures to facilitate sterile sampling. Permian groundwater used in this study was collected from the Pecos Cenozoic Trough in Imperial, TX (latitude, 31°16=16.93ЉN; longitude, 102°40=48.35ЉW), and the composition is provided in Table S1 in the supplemental material. The potential biofuelproducing microalga used in this study, N. oceanica IMET1, has been maintained in the Aquaculture Research Center (ARC) at the Institute of Marine and Environmental Technology for more than 10 years. Aliquots (20% [vol/vol]) of exponential-phase IMET1 were inoculated into 1.5 liters of Permian groundwater with 15 ml of sterilized inorganic nutrient solutions (4 ϫ 10 Ϫ3 mol liter Ϫ1 KNO 3 , 3.2 ϫ 10 Ϫ4 mol liter Ϫ1 NaH 2 PO 4 ) under conditions that included a light-dark cycle (12 h/12 h) with a light intensity of 50 mol of photons m Ϫ2 s Ϫ1 measured at the surface of the incubation bottles. Samples (50 ml) were collected on the day of inoculation (day 0) and every 3 days until day 15. A portion of each sample (1 ml) was used to isolate culturable bacteria; the remaining sample was centrifuged at 5,000 ϫ g for 20 min and the pellet was freeze-dried and kept at Ϫ80°C.
Isolation and identification of culturable bacteria. Immediately after samples were collected, 1 ml of liquid culture was 10-fold serially diluted and 100 l aliquots of each dilution were spread onto Difco marine agar 2216 plates (BD Bioscience, Franklin Lakes, NJ). The plates were incubated at 15°C, 25°C, or 30°C according to the temperature from which samples were collected. Morphologically different colonies were streaked on marine agar plates for isolation. Single colonies of each isolate were transferred to 10 ml of marine broth 2216 (BD Biosciences) and incubated overnight with shaking at the temperature of isolation. DNA was extracted from these liquid cultures using an Ultra-Clean microbial DNA isolation kit (MoBio Laboratories, Carlsbad, CA). Isolates were cryopreserved at Ϫ80°C in marine broth 2216 supplemented with 30% glycerol. The 16S rRNA gene from each isolate was PCR amplified using universal primers 27F (5=-AGAGTTTGATCCTGGCTCAG-3=) and 1492R (5=-TG ACTGACTGAGGYTACCTTGTTACGACTT-3=) as described previously (10) . 16S rRNA gene sequences from isolates were analyzed using the BLASTn tool at the National Center for Biotechnology Information website. Isolates were presumptively identified according to the identity of the closest cultured relative in the top BLAST hits.
Analysis of bacterial communities. Total genomic DNA of freezedried samples was extracted using the method described by Pitcher et al. (28) . Bacterial communities were analyzed by two culture-independent methods, denaturing gradient gel electrophoresis (DGGE) and 16S rRNA gene-based clone library community analysis.
A 195-bp variable region of the 16S rRNA gene was PCR amplified from total genomic DNA by the use of primers P2 (5=-ATTACCGCGGC TGCTGG-3=) and P3 (5=-CGCCCGCCGCGCGCGGCGGGCGGGGCG GGGGCACGGGGGGCCTACGGGAGG CAGCAG-3=) for DGGE performed as described by Mohamed et al. (23) . GelCompar II software version 6.1 (Applied Maths, Ghent, Belgium) was used to analyze the bacterial community fingerprints of each DGGE gel. After normalizing the gel image and marking bands on the gel, neighbor-joining clustering was applied as a measure of similarity of the community fingerprints. Distinct bands on the DGGE gel were carefully excised with razor blades under UV illumination and transferred in 20 l of sterile distilled water. DNA was eluted from the gel piece by overnight incubation at 4°C and sequenced with primer P1 (5=-CCTACGGGAGGCAGCAG-3=).
Based on the analysis of DGGE profiles and the cultured bacterial data, six clone libraries were generated as described previously (23) . Three clone libraries were constructed from samples at day 0 and from samples maintained at 15°C and at 25°C at day 9, while the other three were from triplicate samples maintained at 30°C at day 9. Briefly, 16S rRNA gene fragments were amplified from total genomic DNA extracted from bacterial communities associated with algae by the use of bacterial universal primers 27F and 1492R. PCR products were ligated into the PCR-XL-TOPO vector and transformed into OneShot TOP 10 chemically competent Escherichia coli cells by the use of a TOPO XL PCR cloning kit (Invitrogen Life Technologies, Carlsbad, CA). Colonies were randomly picked from selective plates (Luria-Bertani agar plate with 50 g ml Ϫ1 kanamycin) and incubated in 2ϫ YT medium (tryptone [16 g Aggregation assay. Four bacterial strains isolated only from the 30°C culture at day 9, in which N. oceanica IMET1 had aggregated, were used to test the potential for aggregation of the microalgae. The four isolates were NABI30IVS1002 (Halomonas sp.), HW001 (Pseudomonales), NABI30IVS2004 (Rhodobacterales), and NABI30IVS3003 (Muricauda sp.). Exponentially growing cultures of each bacterial isolate were inoculated into N. oceanica IMET1 with an alga/bacterium ratio (ABR [cells/ cells]) of 1:30. Sterilized artificial seawater supplemented with the inorganic stock solution was used as the culture medium to avoid the potential effects of the presence of Permian groundwater. Microalgal and bacterial cultures were then cocultured in PBR systems at 25°C, a temperature at which the microalgal cultures did not aggregate in the original experiments, with no addition of strain HW001. Cultures were checked for aggregation after 3 days of incubation. The HW001 strain showed the ability to aggregate N. oceanica IMET1 and was therefore selected for further studies.
To detect aggregation efficiency with different numbers of bacterial cells, exponential-phase HW001 cultures were centrifuged at 3,000 ϫ g for 5 min, the supernatant was discarded, and the pellets were washed three times using artificial seawater. Bacterial pellets were resuspended in N. oceanica IMET1 culture and inoculated into a 300-ml culture of exponentially growing N. oceanica IMET1 with ABRs of 1:3, 1:30, and 1:45. Mi-croalgal and bacterial cocultures were incubated at 25°C. Aggregation efficiency was evaluated by measuring the dry weight of microalgal cultures in the upper layer and the lower layer as follows. Aliquots (50 ml) of microalgal liquid culture from the upper and lower layers were harvested after 3 days of incubation and centrifuged at 5,000 ϫ g for 10 min. The pellet was freeze-dried, and the dry weight was measured. The aggregation ratio was determined by comparing the dry weights in samples of the upper and lower layers.
Lipid extraction and lipid content assay. Lipids were extracted from freeze-dried samples as follows. Aliquots (ca. 70 mg) of freeze-dried samples were extracted with 3 ml of 2:1 dichloromethane:methanol, sonicated at 21°C for 10 min using a Branson 1200 ultrasonic cleaner (Branson Ultrasonica Corp., Danbury, CT), and then centrifuged at 1,000 ϫ g for 15 min. The supernatant was transferred into a preweighed test tube while the pellet was successively reextracted with a 1:1 and then a 1:2 dichloromethane:methanol solution. The supernatant from each step was transferred to the same test tube. Distilled water (3 ml) was added to the test tube and incubated at 4°C overnight. The lower organic layer was collected and dried using a Thermo Savant AES1010 Automatic Environmental Speedvac system (Thermo Fisher Scientific, Waltham, MA). Dry weights of the samples were determined. Lipid content was calculated by dividing the dry weight of the extracted lipid by the dry weight of the samples used for lipid extraction.
Coculture assay with and without barrier. Approximately 1-ml volumes of strain HW001 were placed into dialysis bags with a 14,000 Da cutoff at a concentration of 5 ϫ 10 10 cells ml Ϫ1 . The dialysis bag was washed using artificial seawater and placed in a culture with N. oceanica IMET1 at an ABR of 1:30. A negative control consisted of an identical dialysis bag without addition of HW001 cells, and the positive control consisted of direct inoculation of washed HW001 pellets added to microalgal cultures as described for the aggregation assay. The dry weights of the upper layer and the lower layer from the algal culture were used for evaluating the aggregation ratio.
SEM studies of aggregation. Scanning electron microscopy (SEM) was used in this study to visualize the microalgal aggregation and verify the attachment between the microalga and the bacterium. After the aggregation was observed, 3 ml of microalgal cultures from the experimental and control cultures was centrifuged, fixed with Trump's (4F1G) fixative, and then resuspended by the use of a vortex mixer. The samples were then gently rinsed three times with phosphate-buffered saline (pH 7.4) followed by three rinses with deionized distilled water (dH 2 O) and dehydrated in a graded ethanol series (30%, 50%, 75%, 95%, and 100%). After the dehydration process, a 1-ml subsample was filtered onto a polycarbonate membrane filter (13 mm diameter, 0.2 m pore size). These filters were subsequently critical-point-dried and mounted on stubs. The preparation was sputter coated with gold-palladium (Au/Pd) at 60:40 and 25 to 30 nm. The aggregation was visualized and imaged using a Cambridge/ Leica Stereoscan 440 scanning electron microscope (Leica, Cambridge, United Kingdom).
Twenty SEM pictures with a total magnification of ϫ700 were selected to calculate the aggregation abundance and the size of the aggregation in both treatment and control samples. The clumps shown in the SEM pictures were measured, and values were converted to actual sizes. Clumps larger than 32.7 m 2 (ca. the size of eight N. oceanica IMET1 cells) were considered to represent microalgal aggregation.
To determine the morphology of strain HW001 in liquid culture, a drop of exponentially growing HW001 was placed on a glass microscope slide, covered, and observed with a light microscope (Olympus Inc.).
Aggregation of other microalgae by strain HW001. To test the ability of strain HW001 to aggregate other microalgae and cyanobacteria, three microalgae from different phyla (N. oceanica CT-1, T. suecica, and T. chuii) and one cyanobacterium (Synechococcus WH8007) were used. Aggregation assays were performed as described above.
HW001-specific primer design and targeted gene amplification. DNA primers specific for HW001 were designed using the full-length 16S rRNA gene sequence of HW001 and Primer3Plus (38) . The primers were checked against the 16S rRNA gene database in the Ribosomal Database Project (7) to evaluate their specificity. A pair of primers was selected with the following sequences: HW001F (5=-CGATTAGCTAGTTGGTGAGGT AAAG-3=) and HW001R (5=-CCTCAAGGGTCTCCAACG-3=). The HW001-specific primers were then used to check for the presence of HW001 in both microalgal cultures (original cultures and cultures maintained at 30°C on day 9) and Permian groundwater. Total genomic DNA from microalgal cultures previously isolated (see above) for bacterial community analysis was used. To extract genomic DNA from Permian groundwater, two liters of Permian groundwater was filtered through Sterivex-GS filters (Millipore Corp., Bedford, MA) to concentrate microorganisms. DNA was then extracted using the protocol described by Somerville et al. (35) . The HW001-specific gene was amplified by PCR using a 50-l reaction mixture that included 37.8 l of sterilized distilled water, 5 l of 10ϫ high-fidelity PCR buffer, 2 l of MgSO 4 (50 mM), 1 l of a mix of deoxynucleoside triphosphates (dNTPs) (2.5 mM each), 1 l of HW001F and HW001R primer (10 M each), 0.2 l of Platinum Taq DNA (Invitrogen Life Technologies, Carlsbad, CA), and 2 l of template DNA. The PCR amplification was conducted as follows. A 5-min initial denaturing period at 96°C was followed by 29 cycles at 92°C for 30 s, 52°C for 2 min, and 72°C for 90 s and a final extension of 72°C for 5 min. PCR products were sequenced with both the HW001F and HW001R primers. Sequences (ca. 600 bp) were compared with the corresponding region of the HW001 16S rRNA gene by the use of a ContigExpress module (Invitrogen Life Science, Carlsbad, CA).
Phylogenetic analysis. 16S rRNA gene sequences from clone libraries were analyzed initially using the BLASTn tool to aid in the selection of the closest reference sequences. Sequences of more than 99% similarity were defined as belonging to one operational taxonomic unit (OTU). Phylogenetic analyses of clone libraries were performed using the ARB software package (21) , and sequences were aligned using the positional tree server with a data set containing the nearest relative matches. Trees were constructed using the neighbor-joining (Jukes-Cantor correction) algorithms implemented in ARB. The robustness of the inferred tree topologies was evaluated after 1,000 bootstrap replicates of the neighbor-joining data. Bootstrap values were generated using Phylip version 3.6 (J. Felsenstein, Department of Genetics, University of Washington, Seattle, WA). All the type strains of the order Pseudomonadales and the closest cultured relative (Pseudomonas sp. BRAZ6-1; NCBI accession number GQ867230) of the strain HW001 were selected and used for phylogenetic analysis of HW001 as described above.
Nucleotide sequence accession numbers. The 16S rRNA gene sequences from isolates and clones newly determined in this work have been deposited in GenBank under accession numbers JN546633 to JN546682 and JN546683 to JN547216, respectively.
RESULTS
Algal culture at three different temperatures. Excellent growth for N. oceanica IMET1 was observed in Permian groundwater, especially at 25°C. At 25°C, biomass increased from 0.26 g liter Ϫ1 to 1.61g liter Ϫ1 , while the final biomass was only 1.35 g liter Ϫ1 at the lower temperature (15°C). The lowest microalgal biomass (1.16 g liter Ϫ1 ) was observed at the highest temperature (30°C) (see Fig. S1 in the supplemental material). No significant evaporation occurred. Interestingly, after 9 days of incubation at 30°C, N. oceanica IMET1 cells aggregated, whereas they remained uniformly arranged as single cells at 15°C and 25°C (see Fig. S2 in the supplemental material). There was some variation in aggregation results among the triplicate samples maintained at 30°C at the 9th day. Most of the algal cells in sample 2 had aggregated, while those in sample 3 were just beginning to aggregate. After 15 days, all three samples at 30°C showed extensive aggregation and settling (see Fig. S2 in the supplemental material).
Bacterial communities associated with N. oceanica IMET1.
A total of 51 bacterial isolates were obtained from cultures at day 0 and day 9. These isolates were characterized by 16S rRNA gene sequencing, resulting in 25 different strains. Isolates were identified based on the top BLAST hits corresponding to approximately 700 to 1,000 bp of the 16S rRNA gene sequence. Bacteria from the Alphaproteobacteria (48%) and Bacteroidetes (28%) dominated the culturable bacterial community (see Table S2 in the supplemental material). A total of 9 (36%) of these isolates showed identity with the 16S rRNA gene sequence of any of the cultured reference strains that was less than or equal to 97%, indicating that many of the bacteria in the N. oceanica IMET1-associated bacterial community constituted the first cultured representative of the new species. Remarkable differences were observed between the bacteria isolated from 30°C on day 9 and those isolated at other time points. Seven of a total of 12 genotypes (58%), including bacterial isolates affiliated with Gammaproteobacteria and Planctomycetes, were isolated only from samples taken at day 9 from cultures incubated at 30°C. DGGE gel profiles were generated from triplicate samples at every time point throughout the whole culturing process at the three different incubation temperatures (data not shown). Cluster analysis of DGGE profiles indicated that the similarity of bacterial communities among all the samples at 15°C was higher than 85%, whereas the similarities at 25°C (Ն65%) and 30°C (Ն60%) were much lower (see Fig. S3 in the supplemental material) . Based on the observation of aggregation in cultures grown at 30°C, additional DGGE gel analysis was performed on the samples taken at day 0 and day 9 (Fig. 1) . DGGE patterns were consistent between day 0 and day 9 for samples from cultures grown at 15°C. Striking differences between cultures grown at 30°C and those grown at the other temperatures were seen in the bacterial communities for day 9 samples. Also, all of the triplicate samples maintained at 30°C collected on day 9 showed obvious differences from each other. Twenty-one distinct bands were excised from the gel and sequenced, giving 18 unique sequences (see Table S3 in the supplemental material). Members of the Alphaproteobacteria and Bacteroidetes were dominant groups, as seen with the cultured bacteria. There were two conspicuous bands (NABD015 and NABD016) that appeared at day 9 only in the sample incubated at 30°C that showed pronounced aggregation. These two bands were also detected in the other two samples at 30°C on day 15, after those algal cultures had aggregated. The sequence of band NABD016 was identical with part of the sequence of isolate HW001 that was successfully cultured only from the day 9 sample at 30°C.
A total of 510 sequences from all six clone libraries and a reference N. oceanica IMET1 chloroplast sequence (unpublished data) were used to construct a phylogenetic tree to study the succession of bacterial communities (see Fig. S4 in the supplemental material). This generated 39 OTUs that fell into six bacteria phyla (Alpha-, Gamma-, and Deltaproteobacteria, Bacteroidetes, Verrucomicrobia, and Actinobacteria) and three 16S rRNA gene groups likely derived from eukaryotes (Nannochloropsis chloroplast, unassigned group I, and unassigned group II). OTUs that contain more than 10 clones were grouped. A total of 139 sequences from the six clone libraries were classified into group 6 with the reference chloroplast sequence. The distribution of bacterial 16S rRNA gene sequences within the phylogenetic groups was analyzed (Fig.  2) . Members of the Alphaproteobacteria, Gammaproteobacteria, and Bacteroidetes dominated the bacterial group in all six clone libraries. The stability of bacterial communities at 15°C shown by DGGE was confirmed by comparison of clone libraries collected at days 0 and 9. Changes in bacterial communities at 25°C were consistent with the DGGE analysis, showing an increase of numbers of alphaproteobacteria. Comparisons of clone libraries also indicated dramatic changes in the bacterial communities at 30°C. Members of a group of clones belonging to the Gammaproteobacteria dominated the bacterial community of the sample from 30°C, day 9, and were identical with the bacterial isolate HW001. We hypothesized that the aggregation of microalgal cells at 30°C was related to changes in the bacterial community and tested the possibility in experiments with the bacterial isolates from cultures that showed aggregation.
Aggregation assay and lipid content determination. N. oceanica IMET1 aggregated upon addition of strain HW001 after 3 days of incubation at 25°C, whereas no aggregation was observed after addition of the other three bacterial strains. With an ABR of 1:3, the ratio of dry weight between the upper layer and the lower layer was 1:14 ( Fig. 3A) , while ratios of 1:22 and 1:19 were detected with ABRs of 1:30 and 1:45, respectively. A slight aggregation with a ratio of 1:2 between these two layers was also observed in the control culture without addition of HW001. No significant changes in lipid content were detected between the upper and lower layers after aggregation (Fig. 3B) . Lipid productivity was calculated by multiplying lipid content and the dry weight of the total samples. Consistent with the striking differences in dry weight, marked differences were detected in lipid productivity between the upper layer and the lower layer after aggregation due to differences in dry weight. Without addition of strain HW001, lipid productivity of the lower layer was only twice that of the upper layer. When strain HW001 was inoculated into N. oceanica IMET1 with ABRs of 1:3, 1:30, and 1:45, the levels of lipid productivity of the lower layer were 13, 21, and 30 times more than that of the upper layer, respectively.
It is possible that some of the increase in biomass and lipid levels in the bottom layer was contributed by strain HW001 rather than the N. oceanica IMET1 cells. To assess this possibility, volumes of the Nannochloropsis and HW001 cells were calculated. Because there was some shrinkage and distortion of cells in the SEM images shown in Fig. 4 , the previously reported size of 3 m diameter and volume of 15 m 3 for N. oceanica (26) were used. Dimensions of strain HW001 cells were measured by transmission electron microscopy (TEM) (see Fig. S7 in the supplemental material) at ca. 0.25 m diameter and 2.5 m length. This gives biovolumes of ca. 15 and 0.12 m 3 for Nannochloropsis and HW001, respectively, for a difference in biovolume of ca. 116-fold. The lipid content of HW001 was determined to be Ͻ5%. Considering the large differences in biovolume and the low lipid content of HW001, the bacteria made only a very small contribution to the dry biomass and lipid content of the lower layer.
Coculture assay with and without barrier. When strain HW001 was inoculated into dialysis bags, no enhanced aggregation was observed (see Fig. S5 in the supplemental material) . The ratio of dry weight between the upper layer and the lower layer was 1:2.5, which was similar to the aggregation obtained in the control (1:2.1). In contrast, with direct inoculation of the strain HW001 into microalgal cultures, marked aggregation was observed. The ratio of dry weight between the upper layer and the lower layer was 1:13.
SEM studies of aggregation. Scanning electron microscopy (SEM) visualization revealed that bacteria were tightly attached to the microalgal cells after coincubation, while no bacterial attachment was detected in the control cultures (Fig. 4) . The amount and size of aggregation were calculated based on SEM images. The results showed that with coculturing of bacterium and microalga, 1.1 ϫ 10 5 aggregates ml Ϫ1 were detected, while only 3.8 ϫ 10 4 aggregates ml Ϫ1 were observed in the control. The average size of aggregates in the coculture system (159.5 m 2 ) was about twice cultures incubated at 15°C, 25°C, and 30°C for 9 days. Conserved sequences were assigned to groups based on 16S rRNA gene sequence analysis. that in the control (71.6 m 2 ), where HW001 was not added. The largest aggregation detected in the coculture system was 1,104 m 2 , while the largest aggregation found in control was only 186.1 m 2 .
Aggregation of other microalgae by strain HW001. Strain HW001 was able to aggregate the three microalgal species and one cyanobacterium that were tested (see Table S4 in the supplemental material). After 3 days of coincubation with strain HW001, ratios of dry weight between the upper and lower layers were 1:13 for N. oceanica CT-1, 1:14 for T. suecica, 1:21 for T. chuii, and 1:8 for Synechococcus WH8007. Without addition of strain HW001, only slight aggregations with ratios of ca. 1:2.6 between the upper and lower layers were detected (see Table S4 in the supplemental material). This suggested that strain HW001 has the ability to aggregate several different microalgae and cyanobacteria that are considered to have potential for biofuel production.
Morphological and phylogenetic analysis of strain HW001. After 48 h of incubation on marine agar plate at 30°C, strain HW001 forms circular, flat, yellow, and tough colonies. Strain HW001 forms visible aggregates when grown in marine broth medium at 30°C for 12 h (see Fig. S6 in the supplemental material). 16S rRNA gene sequence comparisons revealed the novelty of strain HW001 which is only 89% similar to any previously cultured bacteria. The closest cultured bacterium, Pseuodomonas sp. BRAZ6-1, is in the family Pseudomonadaceae in the order Pseudomonadales of the Gammaproteobacteria. Phylogenetic analysis comparison of strain HW001 with gammaproteobacterial reference strains suggests that strain HW001 is distinct from members of both the Pseudomonadaceae and Moraxellaceae, the two families of the order Pseudomonadales, although it is still a member of this order (Fig. 5) .
Strain HW001 originated from Permian groundwater. A pair of specific primers targeting the 16S rRNA gene of strain HW001 was designed. The sequences of primers HW001F and HW001R were highly divergent compared with 16S rRNA gene sequences of all organisms in the Ribosomal Database Project (RDP). Using these primers, a HW001-specific amplicon was successfully amplified from Permian groundwater and from a sample taken from the N. oceanica IMET1 cultures grown in Permian groundwater maintained at 30°C for 9 days in which the aggregation was first observed. No amplicons were obtained from DNA isolated from the N. oceanica IMET1 cultures used as an inoculum. The sequences of amplicons obtained from Permian groundwater and N. oceanica IMET1 cultures grown at 30°C for 9 days were identical to that of the 16S rRNA gene of strain HW001.
DISCUSSION
Using culture-dependent and -independent methods, we observed major changes in bacterial communities associated with the oleaginous Eustigmatophyceae microalga N. oceanica IMET1 at different culture temperatures. Data derived from culturebased studies, DGGE, and 16S rRNA gene clone library analysis revealed higher compositional stability of the bacterial communities at a low temperature (15°C), with more variability in bacterial communities at the higher incubation temperatures of 25°C and 30°C. The marked differences in bacterial communities at 30°C were accompanied by aggregation of the algal cells. This aggregation could have been caused by the effects of elevated temperature on the alga or by bacteria associated with the alga. N. oceanica IMET1 used in this study has previously been grown in open raceways near Eilat, Israel, where the daytime temperature can easily exceed 30°C, and previous studies suggested that the temperature tolerance of some Nannochloropsis strains is up to 32°C (30) . The co-occurrence of changes in the bacterial communities and algal aggregation suggested the possibility of close interactions between the alga and the associated bacteria.
The HW001 strain isolated only from the 30°C day 9 culture that aggregated proved to be able to effectively aggregate the microalga N. oceanica IMET1. Most of biomass was successfully precipitated on addition of strain HW001. Harvesting of biofuelproducing microalgae is a key challenge for application of microalgal biofuel (27) . Microalgae used for producing biofuel are typically small individual cells with a low concentration of approximately 0.5 to 10 g liter Ϫ1 (4). Harvesting requires a method to concentrate microalgal cells that is low cost and energy efficient. Centrifugation might be feasible for small-scale cultures, but centrifugation is not practical for large-scale microalgal production (41) . Membrane filtration has also been considered for microalga harvesting (42) . Issues of energy effectiveness and capital cost are problematic for these two techniques (27) . Another method of harvesting microalgae is addition of low-cost flocculation agents (e.g., calcium carbonate) to assist precipitation of cells, but water quality is impacted by this approach, which may cause ecological problems. Aggregation of biofuel-producing microalgae by bacteria is a potentially efficient way for harvesting microalgae. In this study, strain HW001 showed a great ability to aggregate the microalga N. oceanica IMET1, three other species of microalgae, and a cyanobacterium. Changes of lipid content and effects on lipid productivity due to the addition of the bacteria are two important concerns. The results demonstrated there were no significant changes of the lipid content with addition of strain HW001. Similarly, no significant differences were detected between the lipid content of the upper layer and that of the lower layer following aggregation. Because of the high aggregation ratios and lack of change in lipid content, most of the lipid is effectively concentrated in the lower layer. This suggests that aggregation by strain HW001 followed by a small-volume centrifugation step might be an efficient way to harvest biofuel-producing microalgae. Capital evaluation, biosafety, and other technical and economic barriers would need to be investigated. For example, to be cost-effective, the initial inoculum of strain HW001 should be as small as possible to decrease the costs associated with growing the bacterium.
We considered two possibilities to account for microalgal aggregation by bacteria: the first is that aggregation is triggered by compounds produced by bacteria, and the second is that direct attachment between bacteria and microalgae is necessary for aggregation. In a recent study, Gärdes et al. (12) found that freeliving bacteria might not influence aggregation whereas bacteria attaching to the diatom Thalassiosira weissflogii cells may increase aggregate formation. In another study on N. oceanica (the same strain as that from which IMET1 is derived), aggregation was detected on mass cultivation and TEM images showed that microalgal cells were stuck together with bacteria and cell wall debris (29) . When HW001 was added into dialysis bags, no obvious aggregation was detected, suggesting that aggregation is not due to molecules smaller than 14,000 Da. Scanning electron microscopy revealed attachment between bacterial cells and microalgal cells. These data support the hypothesis that direct interaction of the HW001 strain and the alga is responsible for the aggregation, although the possibility that large polysaccharides or proteins are involved cannot yet be excluded. Interestingly, clumping of strain HW001 grown in pure culture in marine broth was observed at 25°C. The mechanism whereby HW001 causes clumping of microalgae warrants further investigation.
The novel strain HW001 was isolated from the phycosphere of the biofuel-producing microalga N. oceanica IMET1 incubated in Permian groundwater. HW001 is divergent from any previously cultured bacteria. Strain HW001 is most closely related to the members of the order Pseudomonadales in the Gammaproteobacteria, but it does not group into either the Pseudomonadaceae or Moraxellaceae, the two families of the order. This suggests that strain HW001 may be the first cultured representative of a new family of the order Pseudomonadales. Two possibilities were considered to account for the source of the bacterium: the original microalgal cultures used to inoculate cultures and the Permian groundwater used as culture medium. The Permian groundwater used in our studies was collected from a Permian sedimentary aquifer that contains the remnant of an ancient ocean that existed 250 million years ago. In this study, we were able to isolate strain HW001 only when N. oceanica IMET1 was cultured in Permian groundwater at 30°C after 9 days from cultures in which aggregation occurred. Strain HW001 could not be isolated from the original microalgal culture that was not incubated in Permian groundwater. To further investigate the origin of the novel HW001 strain, specific primers targeting the HW001 16S rRNA gene were designed. The HW001-specific amplicon was successfully amplified from Permian groundwater and aggregated microalgal samples but not samples from the original microalgal cultures. Taken together, these results suggest that the HW001 strain originated from Permian groundwater.
In this study, we successfully studied bacterial communities associated with the potential biofuel-producing alga Nannochloropsis oceanica IMET1 grown at different temperatures in Permian groundwater and isolated a useful strain, HW001, from the phycosphere of the algal culture. Our study highlights the importance and complex dynamics of the bacterial communities associated with the potential biofuel-producing alga N. oceanica IMET1. Importantly, strain HW001 demonstrated an excellent ability to aggregate N. oceanica IMET1 and other microalgae, opening up the interesting possibility that this strain could be used for harvesting biofuel-producing microalgae. The isolation of HW001 in this study suggested that Permian groundwater may be an important source for isolation of novel bacteria with interesting characteristics.
